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Abstract
This project examined the effects of abiotic factors on the probability of environmental
DNA (eDNA) detection in groundwater habitats. eDNA is DNA shed from an organism into its
environment, which can be extracted and amplified from an environmental sample. The two
target species, the Sweet Home Alabama Cave Crayfish (Cambarus speleocoopi) and the Prickly
Cave Crayfish (Cambarus hamulatus), are cave-obligate crustaceans found in caves in northern
Alabama; both species are of conservation concern. I conducted biweekly eDNA sampling from
two sites with known populations of each species. I measured various abiotic variables at the
time of sampling, including water temperature, pH, stream flow, and turbidity. I employed
previously developed qPCR assay for C. speleocoopi and developed a new qPCR assay for C.
hamulatus to amplify target eDNA and detect presence of crayfish eDNA in the sample. Linear
mixed effect models were generated to explain and tested to explain the variation in eDNA
detection probability. I found pH to be the most explanatory variable related to eDNA detection
probability, but eDNA detection seemed to be driven more by other stochastic factors than the
variables measured.

Introduction
Effective conservation policy requires an enormous amount of information about species
of conservation concern; measurements such as distribution, population size and changes,
fragmentation of sub-populations, and genetic diversity are all used for assessment of
conservation status. This information needs to be updated frequently to assess the impacts of
threats to the species and conservation efforts (Kelly et al. 2014). The threats to biodiversity are
increasing; land-use changes and habitat fragmentation increase with continued development,
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invasive species are transported across the increasingly interconnected world, and global climate
change will likely accelerate throughout the 21st century (Tilman et al. 2017). How these threats
will affect specific species, taxonomic groups, or ecosystems remains largely in question,
requiring significant additional investments in time and funding for research on top of the shortterm effort to conserve endangered species. These challenges are compounded by the decreasing
numbers of professional and amateur taxonomists who have the expertise to identify species for
many taxonomic groups, such as insects (Hopkins and Freckleton 2002) and marine invertebrates
(Giangrande 2003). The lack of knowledge of species’ distributions and relative abundances
places limits on the ability to manage and conserve biodiversity; this lack of knowledge is
referred to as the Wallacean shortfall (Lomolino 2004). Though knowledge of all taxa and
ecosystems is incomplete, this shortfall is widened for species that live in habitats that are
difficult to access for surveying, such as groundwater habitats.
Species living in these groundwater habitats often have traits that concurrently increase
the difficulty of their detection and monitoring; they are small and non-charismatic. The
restricted distribution and limited dispersal abilities of many groundwater species (Harvey et al.
2011; Davis et al. 2015; Gilbert and Deharveng 2002) can impact our ability to effectively
inform conservation and management through traditional surveying approaches. In addition, the
high cryptic diversity of cave and groundwater fauna increase the expertise needed to identify
species. As a consequence, groundwater fauna is vastly understudied compared to surface fauna
in most regions, which contributes to the increasingly threatened status of many groundwater
species.
Environmental DNA (eDNA) surveying has become an increasingly viable and popular
alternative to traditional surveying and monitoring approaches for many organisms. eDNA is
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genetic material that is shed by an organism into its environment; by filtering and extracting out
the DNA from the environmental sample and using molecular approaches such as qPCR, it is
possible to detect the presence of a species within its habitat without physically capturing and
identifying an individual organism. eDNA allows surveying of habitats, which otherwise might
be unreachable, for the presence of known species (Kelly et al. 2014). It has shown to be an
“efficient, non-invasive and easy-to-standardize” (Thomsen and Willerslev 2015) alternative to
traditional surveying and monitoring (Ficetola et al. 2008; Beja-Pereira et al. 2009; Goldberg et
al. 2015; Barnes and Turner 2016). Traditional surveying techniques may require removal of an
organism from its environment for identification, which risks potentially threatened species;
trapping may also damage the organisms beyond the point of identification (Saccó et al. 2022).
eDNA surveying can potentially expand our understanding of underlying genetic (Beja-Pereira et
al. 2009) and species diversity (Saccó et al. 2022) by removing time and access barriers for the
study of groundwater organisms. Moreover, eDNA sampling coupled with next-generation
metabarcoding can be useful in acquiring a complete assessment of community structure and rare
species presence in areas where traditional surveying is difficult (Wynne et al. 2018). eDNA has
great potential to aid in conservation and management of biodiversity, especially when used in
combination with traditional surveying approaches.
eDNA surveying has proved successful in past studies in many surface ecosystems: e.g.,
freshwater lotic (Jerde et al. 2011; Goldberg et al. 2011; Laramie et al. 2015) and lentic habitats
(Thomsen et al. 2012; Tréguier et al. 2014; Hernandez et al. 2020), marine ecosystems (Foote et
al. 2012), forest soils (O’Brien et al. 2005; Bienert et al. 2012), and ice (Willerslev et al. 2007).
eDNA surveys have been performed for a variety of taxa, both vertebrate and invertebrate, and
for a variety of purposes from monitoring of rare and endangered species (Jerde et al. 2011;
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Laramie et al. 2015) to surveillance of invasive species (Tréguier et al. 2014; Jerde et al. 2013).
Groundwater ecosystems have had comparatively fewer eDNA studies, but eDNA surveying has
been conducted successfully recently within groundwater habitats. For example, Boyd et al.
(2020) developed an eDNA assay for the Sweet Home Alabama Cave Crayfish (Cambarus
speleocoopi) and detected this rare decapod at two historical sites and three potentially new sites
in northern Alabama. DiStefano et al. (2020) used eDNA in addition to traditional survey
approaches, such as trapping, to survey for the endangered Caney Mountain Crayfish
(Orconectes stygocaneyi) in Missouri. Additional groundwater and cave taxa such as
salamanders (Goricki et al. 2016; Vörös et al. 2017; Lyons 2019), fish (Lyons 2019; White et al.
2020), and amphipods (Niemiller et al. 2018) have been studied using eDNA. These studies
demonstrate eDNA surveying can be a great tool for detection of difficult to survey and rare
species in groundwater systems.
Abiotic environmental factors can affect the quantity of eDNA present in an
environmental water sample in three major ways: transportation, dilution, and degradation
(Stoeckle et al. 2017). In riverine systems, increased water flow has been shown to increase the
distance downstream at which eDNA can be detected, while having a less pronounced dilution of
eDNA at the location of the source organisms (Jane et al. 2014). Silt particles suspended in water
have been found to greatly decrease the amount of eDNA through both degradation of DNA
molecules and the adsorption of DNA molecules to the surface of particles (Stoeckle et al. 2017);
this also creates the possibility of DNA in sediments from being resuspended by heavy flow.
Strickler et al. (2015) ran a controlled study of the degradation of American Bullfrog (Lithobates
catesbeianus) DNA in a range of temperatures, pH, and exposure to ultraviolet radiation.
Warmer temperatures and acidic conditions were found to increase the rate of DNA degradation,
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and UV radiation was strongly correlated with the rate of DNA degradation. These results have
been replicated in additional controlled studies on the degradation of DNA in surface conditions
(Pilliod et al. 2014). The conditions in groundwater ecosystems are drastically different than
those in surface streams. Most importantly, UV radiation is completely negated in subterranean
conditions, limestone karst creates slightly alkaline conditions in groundwater and temperature
fluctuations are buffered (Raeshi and Karami 1997; Badino 2010). These conditions would
suggest that DNA persists for longer periods in subterranean conditions, and preliminary results
seem to confirm this hypothesis. For example, preliminary results from an eDNA persistence
experiment inside a cave indicate that DNA concentration is still at detectable levels more than a
year into the study (Niemiller et al. unpublished data). Water flow rate from groundwater springs
is more complex. Average flow rate is controlled by seasonal variation in precipitation and
aboveground vegetation growth (Winston and Criss 2004). Storms create water flow pulses
before returning to the seasonal equilibrium (Winston and Criss 2004). The long persistence of
DNA in groundwater creates the possibility of older DNA being resuspended by these pulses.
The Sweet Home Alabama Cave Crayfish (Cambarus speleocoopi) is a stygobitic
crayfish endemic to Marshall County in northern Alabama, first described and differentiated
from the related Alabama Cave Crayfish (C. jonesi) by Buhay and Crandall (2009). The Prickly
Cave Crayfish (Cambarus hamulatus) is found across a wider range throughout the Sequatchie
Valley of Tennessee and northwestern Alabama (Buhay and Crandall 2009). Cambarus
speleocoopi is known only from four cave sites on both sides of the Tennessee River (Buhay and
Crandall 2009), while C. hamulatus has been found in at least forty sites throughout its broader
distribution (Buhay et al. 2007). In addition, Boyd et al. (2020) detected C. speleocoopi eDNA at
three additional sites (Boyd et al. 2020). Both species are considered cave-obligate; they are

6

blind and pigment-less, and physiologically very similar to other members of the subgenus
Aviticambarus. The fragmented and restricted distribution and presumed rarity of C. speleocoopi
make it a species of high concern for conservation in Alabama (Huryn 2017). The species was
evaluated as Endangered by IUCN (Buhay et al. 2010), and as Critically Imperiled (G1) by
NatureServe (2022). Cambarus hamulatus experiences many of the same threats as C.
speleocoopi but has a more widespread distribution and larger population sizes; C. hamulatus is
listed as Least Concern by IUCN (Cordeiro et al. 2010), but as Imperiled (S2) in Alabama and
Vulnerable (S3) in Tennessee by NatureServe (2022).
In this study, I aim to improve eDNA sampling best practices by examining the effects of
natural seasonal variation of abiotic factors, including water flow rate, temperature, turbidity, and
pH on eDNA detection probability of these two crayfish species. I expect water flow and
turbidity to have the greatest effect on eDNA detection probability. Increased flow has the
potential to dilute eDNA concentrations beyond the limit of possible detection, while turbidity
increases the chances of inhibition of PCR. Based on the results of this study, I hope to establish
both best practices with regards to when to sample and to provide additional information for
comparing the results of samples collected at various times of the year.

Methodology
Field Sampling
I collected water samples about every ten days (range 7–12 days) from 12 November
2021 to 11 February 2022 at two sites: the spring outflow Cherry Hollow Cave in Marshall
County, Alabama and the spring outflow of Tumbling Rock Cave in Jackson County, Alabama.
These two caves have recently documented populations of C. speleocoopi and C. hamulatus,
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respectively. Water samples were collected in 500-mL Nalgene® bottles, which had been
carefully decontaminated as outlined below. Four replicate water samples were collected at each
sampling event, and an additional 500-ml bottle was filled with deionized water on site, to serve
as a negative field control. All sample/control containers were transported back to the lab on ice
in a cooler. All water samples were filtered within six hours of collection.
Measurement of Environmental Variables
Several water quality variables that may influence eDNA detection were measured during
each sampling event. A Hanna Instruments® Multiparameter Meter (HI9829, Providence, RI,
U.S.A.) including pH, oxidation-reduction potential, dissolved oxygen, conductivity, turbidity,
water temperature, and chloride concentration. Water flow rate was calculated by measuring the
rough cross-sectional area of the stream and taking measurements of water velocity at various
points across the stream using a Flowatch Flowmeter (JDC Electronics, Yverdon-les-Bains,
Switzerland). All measurements were taken after the probes had been given time to equilibrate
(approximately five minutes), and multiple measurements were taken across the water column
and averaged together.
Filtration and Extraction
Water samples were filtered through 0.45-μm cellulose-nitrate filters, using vacuumfiltration. Turbidity was never high enough to require multiple filters for a single sample. Filters
were stored at -20 °C until DNA extraction. For extraction, filters were cut in half, with one half
being placed into 2-mL centrifuge tubes for DNA extraction, and the other half was retained in
the storage freezer as a back-up. I used a modified Qiagen DNeasy® Blood and Tissue Kit
(Qiagen Inc., Valencia, CA, USA) protocol (Niemiller et al. 2018) followed by a PCR-inhibitor
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removal protocol using a One-Step™ PCR Inhibitor Removal Kit (Zymo Research). Final DNA
elutions were stored at -20 °C until quantitative PCR (qPCR).
eDNA qPCR Assay Development and Validation
For C. speleocoopi, I used an assay previously developed by Boyd et al. (2020) at the
Cave Bio Lab at UAH for the CO1 mitochondrial gene (Table 1). A new assay was designed for
C. hamulatus CO1 sequences collected from NCBI GenBank
(https://www.ncbi.nlm.nih.gov/genbank/). These sequences were aligned, and a consensus
sequence was generated using MUSCLE in the program Jalview (https://www.jalview.org/).
Candidate forward and reverse primers and intervening hydrolysis probes were designed based
on the consensus sequence using PrimerQuest® online tool by Integrated DNA Technologies
(http://idtdna.com/primerquest).
Cambarus hamulatus candidate assays were validated in silico with Primer-BLAST
(NCBI, http://www.ncbi.nlm.nih.gov/tools/primer-blast/) using the Barcode of Life (BOLD)
database (www.boldsystems.org) and the nr database on GenBank. Successful candidate assays
were tested further in vitro. They were first tested against a serial dilution of synthetic DNA
standards (gBlocks®, Integrated DNA Technologies) synthesized from a sequence of the CO1
locus of C. hamulatus from the nearby Geiger Cave (GenBank accession no. DQ411765.1) and
against DNA extractions of C. hamulatus and other taxa that may co-occur at Tumbling Rock
Cave. For this project, we did not optimize primer and probe concentrations, since we had
sufficient amplification at concentrations determined for other assays.
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qPCR Amplification and Quantification
Field-collected water samples were screened via qPCR using the optimized qPCR assay.
Each qPCR run consisted of six replicates for each sample as outlined in Table 1 for each
species-specific assay. 3.0-µL of template DNA, 10.0-µL of TaqMan® Environmental
Mastermix 2.0 (Applied Biosystems), 4.7-µL of double-distilled H₂O, 0.9-µL of forward primer
(20 µM), 0.9-µL of reverse primer (20 µM), and 0.5-µL of probe (10 µM). QuantStudio® 3
Realtime PCR System by Applied Biosystems was used to analyze samples. First the samples
were incubated for 10-min, which activates the AmpliTaq Gold® enzyme, followed by 50 cycles
of denaturation (95°C) for 15 seconds and annealing/extension (60°C) for 1-min. The DNA
component of each sample was quantified using a Qubit fluorometer (Life Technologies).
Estimates of quantity and the lower limit of detection were determined through serial dilution of
a known quantity of standard DNA fragments (gBlocks®, Integrated DNA Technologies). Each
qPCR run included serial dilutions of standard gene fragments as positive controls and to
generate a standard curve and negative controls from each stage of the project (field negatives,
extraction negatives, and qPCR plate negatives). Samples with very low concentrations, or which
were bordering on the limit of amplification, were rerun to verify positive amplification.
Contamination Precautions
Contamination is possible from the field collection of the environmental samples and
during filtration, extraction, and amplification of DNA. Certain procedures were implemented to
minimize the possibility of contamination which might result in false positives. All bottles,
supplies, and work surfaces were sterilized with a 10% bleach solution before use in sample
collection. The bottles used for sampling were cleaned with soapy water, then soaked in 30%
bleach solution overnight, and finally autoclaved before being reused for future sampling trips.
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Gloves were worn when collecting samples and during all lab work. Filter extractions and qPCR
preparation were carried out under two laminar flow hoods, one of which is dedicated
specifically to eDNA extraction and the other specifically to PCR preparation. The laminar flow
hood and any pipettes used were similarly decontaminated with a 10% bleach solution and UV
treatment, before and after use. Filtered pipette tips were used for all lab protocols.
Statistical Analysis
We generated general linear models to explain the relationships between the
environmental variables and eDNA detection probabilities, following the statistical analysis
outlined in Troth et al. (2021). Detection probability was defined as the proportion of technical
replicates which returned positive results from a single sample. All possible models were
established with each combination of independent variables (pH, water temperature, stream flow,
and turbidity), and the best-fit and most parsimonious model was identified. Corrected Akaike’s
Information Criterion was used to assess the fit of the models. All statistical analyses were
conducted in R 4.1.1.

Results
Assay Design and Validation
The assay developed for C. hamulatus targeted a 200-bp fragment of the CO1
mitochondrial locus. In silico validation indicated that the generated assay, shown in Table 1,
was unlikely to amplify non-target species, with the possible exception of C. jonesi. Special
attention was paid to other co-occurring cave-dwelling crayfish such as O. australis, and
members of the genus Cambarus including C. pecki, C. jonesi, C. laconensis, C. tenebrosus, and
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C. speleocoopi. The forward primer matched with published sequences of C. jonesi (GenBank
accession nos. DQ411777.1 and DQ411779.1) and one mismatch with C. girardianus (accession
no. JX514448.1), C. fasciatus (accession nos. KU527875.1 and JX514495.1), and C. jonesi
(accession no. DQ411778.1). The reverse primer had one mismatch with published sequences of
C. jonesi and C. girardianus. The probe had one mismatch with published sequences of C.
jonesi, two mismatches with C. fasciatus, and C. jonesi. In vitro showed that the assay was able
to amplify and quantify C. hamulatus extracted DNA from Geiger Cave in Jackson County,
Alabama, but also had amplification from C. jonesi from Cave Spring Cave in Morgan County,
Alabama.
Environmental Variation
Weather conditions were variable during the study; sampling events occurred across a
range of weather conditions, some directly following major storms while others were during
periods of no precipitation. Figure 1 shows the variation of the measured water quality variables
across the study period; chloride and dissolved oxygen measurements were not included in
statistical analyses due to erratic readings. Spring discharge varied by nearly about two orders of
magnitude at both sites, from 2,050 to 312,000
102,600
𝑐𝑚3
𝑠

𝑐𝑚3
𝑠

) and from 6,620 to 208,000

𝑐𝑚3
𝑠

𝑐𝑚3
𝑠

from Cherry Hollow Cave Spring (84,750 ±

from Tumbling Rock Cave Spring (86,100 ± 83,200

). Mean pH was similar between the two sites, with the variability being greater at Cherry

Hollow Cave Spring (8.06 ± 0.34) than at Tumbling Rock Cave Spring (8.18 ± 0.15). Water
temperature was slightly warmer at Cherry Hollow but stayed within a degree Celsius of average
for both Cherry Hollow (14.32 ± 0.66 °C) and Tumbling Rock Caves (13.88 ± 0.69 °C).
Turbidity largely stayed below 10 FNU, which appears visibly clear, during the study except for
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during two sampling events in which spiked to 76 and 41 FNU at Cherry Hollow Cave and
Tumbling Rock Cave springs, respectively. These two high turbidity events were also peaks of
stream flow. Correlation between each individual variable and eDNA detection probability are
shown in Figure 2; the only significant correlation was pH at for Cherry Hollow Cave Spring (R
= 0.64).
Sample Amplification
Positive amplifications from samples at both sites are shown in Figure 3; at Cherry
Hollow Cave Spring there was only one sampling event without any amplification (22 January
2022), while at Tumbling Rock Cave Spring we had amplification during four of the nine
sampling events. The maximum detection probability from a sampling event was 0.405 (17 of 42
technical replicates on 29 November 2021) for Cherry Hollow Cave Spring and 0.357 (15 of 42
technical replicates on 21 December 2021) for Tumbling Rock Cave Spring. We established a
limit of quantification and amplification using a serial dilution of standard gene fragments; we
determined the limit of quantification to 10-10 times the concentration of the standard gene
fragments. Very few of the replicates amplified at or above this limit of quantification, meaning
that the calculated concentrations were likely inaccurate; because of this we did not use
concentration of eDNA, percentages of positive amplifications.
Linear Mixed Effect Models
We generated linear mixed effect models for pH, water temperature, stream flow, and
turbidity, and for all combinations of these factors. Some of the models were discarded because
there was significant covariance of the explanatory variables included in the model. All models
and their AICc scores can be found in Table 2. The best model only included pH (AICc = -49.4),
followed by the model that only included water temperature (dAICc = 9.2). Slightly less
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explanatory are the turbidity model (dAICc = 13.2) and the pH + turbidity model (dAICc =
13.5). The model for stream flow was particularly poor at explaining the variation in detection
probability (dAICc = 32.6).
Discussion
My findings linking abiotic conditions of a cave spring to eDNA detection probabilities
were somewhat inconclusive. Though I observed variation of environmental conditions
throughout the study period, and eDNA detection probabilities also varied, there was little
correlation between the two. The only variable which was correlated with eDNA detection
probability was pH. Similarly, the models I developed were generally poor, with the best model
again being pH. These results suggest that stochastic factors other than the variables I measured
could be important in determining eDNA detection probabilities.
The most significant variation of environmental conditions was substantial spikes in
stream flow and turbidity that followed heavy precipitation periods. Significant storm systems
moved through northern Alabama preceding the fourth (11 December 2021) and sixth (30
December 2021) sampling events, while other sampling events ranged from two days to a week
after precipitation events, and at two sampling events it had not rained since the previous
sampling (19 November 2021; 30 January 2022). Spring discharge slowly returned to a baseline
value following storm systems, which is consistent with past studies (e.g., Winston and Criss
2004). pH remained neutral to slightly alkaline, which is expected for open karst systems (Raeshi
and Karami 1997); the range of pH values was much more restricted than for previous controlled
studies of eDNA degradation (Stickler et al. 2015). Water temperature also fluctuated more than
expected but remained relatively constant compared with previous degradation experiments
(Stickler et al. 2015). Other potential explanatory variables, such as conductivity and oxidative-
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reduction potential appeared to vary stochastically, with no obvious response to ambient
conditions or preceding weather patterns. Faulty measurements of dissolved oxygen and chloride
prevented us from using those in our analysis. The water flow, temperature, pH, and turbidity
mostly varied in the same direction between the two caves, though the unique geology meant that
the degree and magnitude of their variation was different. Differences in the recharge area of the
drainage and the karst hydrology contributed to the different response to precipitation;
additionally, the caves are separated by about 50 km so there were slight differences in weather
at the two sites.
The overall probability of detection from both sites was lower than expected;
concentrations were always near the limit of amplification and were below the limits of
quantification. This suggests that multiple sampling trips are needed to determine absence of a
species through eDNA, as even from caves with known populations detection was unreliable.
There were differences between the probability of a positive amplification between sampling
trips; rerunning samples through qPCR verified that this variation came from the sampling and
was not an artifact of an individual qPCR run.
The best model only included pH as an explanatory variable; this was despite pH
remaining relatively stable throughout the time frame, especially at Tumbling Rock Cave. For
eDNA degradation in controlled mesocosms, pH was found to be just one important variable,
with temperature and UV-B playing a similar or larger role in determining the degradation of
eDNA (Strickler et al. 2015). Spring discharge (i.e., stream flow), which was expected to be a
major determining factor in the concentration and therefore detection of eDNA, was the least
explanatory of the four single variable models. Jane et al. (2015) found the dynamics of eDNA
detection in response to stream flow differed greatly depending on the distance downstream from
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the source of the DNA; since cave springs are inherently downstream from source populations,
this might have a moderating effect on the influence of flow on eDNA concentration. Turbidity,
and especially the concentration of inhibitors, is known to strongly decrease the detection of
eDNA (Stoekle et al. 2017). However, our methodology differs slightly by the inclusion of an
inhibitor removal step, which could have potentially improved the detection probability at higher
turbidites. All the multivariate models were worse than the single variable models for turbidity,
temperature, and pH, and in line with water flow for determining variation. None of the models
were particularly adequate at explaining the variation in eDNA detection rates. Possibly the
range of variation in these values was not enough to impact eDNA detection, and the observed
variation was due to stochasticity from unmeasured variables.
A major factor which I did not investigate was seasonal variation in the amount of eDNA
being shed, due to the difficulty of access and surveying these populations. Past studies have
found seasonal changes in organism abundance to alter the amount of eDNA being shed
(Stoeckle et al. 2017); additionally, the yearly lifecycle influences the amount of DNA being
shed, with peaks during mating, egg hatching, and molting periods (Troth et al. 2021). Though
the environmental buffering of caves and longer lifespans and slower metabolisms of cave
organisms might be expected to moderate these seasonal population changes, they have been
observed in a variety of cave arthropod populations (Saccó et al. 2022). Another possible
explanation is that since the eDNA concentration straggled the line between detection, stochastic
factors induced in the sampling and extraction steps were enough to limit detection in some of
the sample replicates.
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Conclusions and Further Directions
The results of this study were insufficient to establish any guidelines for sampling best
practices for eDNA collection. You cannot plan to sample when spring water is more alkaline in
the same way that you could plan to sample at low or high outflow. This study highlights the
need to conduct repeat samplings from a single site, as the probability of a false negative is nonzero. For example, at least seven sampling events are needed to have 99% confidence of species
presence at Tumbling Rock Cave Spring. This may, in part, be related to an inefficiency with the
assay design.
I plan to continue sampling for this study to complete a full yearly cycle (this capstone
only includes the winter season) to obtain a better picture of the full variation of environmental
conditions across seasons. The hydrology of karst systems changes quite drastically depending
on the activity of vegetation above, so this might possibly change the conclusions of this project.
In addition, more data points will improve the ability to draw conclusions about the correlation
of variables with eDNA detection, and with the ability to test the models we generated.
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Figures

Figure 1. Variation of six water quality variables across the study time span at two cave sites.
Water temperature, pH, ORP, turbidity, and conductivity were measured with the multiparameter
probe, while water flow was calculated from water velocity and cross section.
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Figure 2. Scatterplots showing the relationship between water quality variables and the
probability of a positive eDNA detection, with lines of best fit.
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Figure 3. Detection probabilities for eDNA within samples collected from both caves across the
study time frame. Probability represents the number of positive replicates by the total number of
replicates. Between 24 and 48 replicates were run for each sampling trip for each cave. Error
bars are mean standard error.
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Tables
Table 1. The species-specific assays used in this study to amplify a 200-bp fragment of CO1 for
Cambarus hamulatus and a 163-bp fragment of CO1 for C. speleocoopi.
Oligo
C. hamulatus
Forward
C. hamulatus
Reverse
C. hamulatus
Probe
C. speleocoopi
Forward
C. speleocoopi
Reverse
C. speleocoopi
Probe

Sequence (5' to 3')

Direction

Length (bp)

Tm (°C)

AGTCGAATTAGGCCAGGTA

Sense

19

60

TCCGAGGGAAAGCTATATCA

Antisense

20

60

TCTGGTCGTCTCCAATTAACCTCCC

Antisense

25

70

TGGGATAGTTGGGACTTCA

Sense

19

60

ATTRCCAAACCCTCCAATTA

Antisense

20

60

TCCGAGTTGAATTGGGTCAGGTAGGAAGG

Sense

29

70
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Table 2. Generated linear mixed effect models for environmental variables explaining eDNA
detection probability. dAICc represents the difference in AICc between the model and the best
model.
Model

AICc

dAICc

Deg. Freedom

pH

-49.4

0

6

Temperature

-40.2

9.2

6

Turbidity

-36.2

13.2

6

Discharge

-16.8

32.6

6

pH + Turbidity

-35.9

13.5

7

pH + Discharge

-24.3

25

7

Temperature + Turbidity

-31.2

18.1

7

Temperature + Discharge

-10.4

38.9

7

Turbidity + Discharge

-6.1

43.2

7

pH + Temp. + Turb.

-31.5

17.9

8

pH + Temp. + Disc.

-17.3

32.1

8

pH + Turb. + Disc.

-10.6

38.7

8

Temp. + Turb. + Disc.

-0.6

48.8

8

pH + Temp. + Turb. + Disc.

-3.7

45.7

9

